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ABSTRACT

Curved lipid membranes are ubiquitous in living systems and play an important role in many biological processes. To understand how
curvature and lipid composition affect membrane formation and fluidity, we have assembled and studied mixed 1,2-dioleoyl- sn-glycero-3-
phosphocholine (DOPC) and 1,2-dioleoyl- sn-glycero-3-phosphoethanolamine (DOPE) supported lipid bilayers on amorphous silicon nanowires
grown around carbon nanotube cores with controlled wire diameters ranging from 20 to 200 nm. We found that lipid vesicles fused onto
nanowire substrates and formed continuous bilayers for all DOPC −DOPE mixtures tested (with the DOPE content of up to 30%). Our measurements
demonstrate that nanowire-supported bilayers are mobile, exhibit fast recovery after photobleaching, and have a low concentration of defects.
Lipid diffusion coefficients in these high-curvature tubular membranes are comparable to the values reported for flat supported bilayers and
increase slightly with decreasing nanowire diameter. A free space diffusion model adequately describes the effect of bilayer curvature on the
lipid mobility for nanowire substrates with diameters greater than 50 nm, but shows significant deviations from the experimental values for
smaller diameter nanowires.

Lipid membranes of nonplanar shapes are abundant in nature.
Numerous reports document their existence in cellular
organelles and transient formation in various biological
processes.1-6 Nonetheless, researchers became interested in
the role of the membrane curvature in biology only recently7-9

and quickly realized that they need to understand how
curvature affects the physical properties of the membrane.9-11

Furthermore, curvature can have a profound effect on the
bilayer structure: recent experiments demonstrated curvature-
directed segregation of lipid mixtures in nonplanar mem-
branes.12,13Fluidity is another critical parameter of biological
membranes because mobility of lipids and membrane
proteins represents one of the key factors in regulating
ligand-receptor interactions, cooperative binding, and ag-
gregation.14,15 Earlier experiments on silica bead-supported
lipid bilayers16,17 indicated that substrate curvature does not
significantly influence diffusion of lipid molecules for
substrate diameters larger than 0.5µm. However, we

intuitively expect that differences in packing densities
between highly curved and planar membranes would affect
membrane fluidity when the radii of the biological mem-
branes drop to a range between 10 and 100 nm. In this size
regime, biological membranes frequently form tubular
shapes,1,3,18-20 yet there are no systematic literature data on
lipid mobility for membranes with the curvature in this range.

We report formation and mobility of mixed zwitterionic
(DOPC and DOPE) lipid bilayers of different compositions
supported on cylindrical hydrophilic nanowire substrates with
precisely controlled diameters ranging from 20 to 200 nm.
We aim at determining how the shape of lipid molecules
along with the substrate curvature affect bilayer stability, its
ability to fuse on nonplanar substrates, and the lipid molecule
mobility in the resulting supported bilayer membranes. We
use fluorescence recovery after photobleaching (FRAP)
measurements to show that, for DOPC-DOPE mixtures with
DOPE fraction up to 30%, lipid mobility shows a weak
increase as the radius of curvature is decreased.

Substrate Design and Fabrication. To characterize
membrane properties as a function of curvature, we need to
prepare bilayers with measurable, reproducible, and well-
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controlled curvature. Nonplanar free-standing bilayers, i.e.,
lipid vesicles, typically do not meet these criteria. Although
lipid vesicles are easy to prepare, existing methods give wide,
nonuniform distribution of vesicle sizes (and thus curvatures).
Our approach utilizes assembly of lipid bilayers on solid
substrates of variable curvature. Supported bilayer mem-
branes retain many similarities to natural membranes and,
most importantly, their fluidity in the lateral direction.21 We
chose to use cylindrical amorphous silicon nanowires (with
native silicon oxide surface) grown over small diameter
carbon nanotubes as the substrates. To ensure complete
coating of the lipid around and along the substrates, the
nanowires were suspended over a microfabricated trench on
a silicon wafer (Figure 1). The outer diameter of these core-
shell nanostructures, therefore, defined the membrane cur-
vature and provided a well-characterized chemical surface

(i.e., silicon oxide) that promotes the formation of fluid-
supported bilayers.22

To fabricate amorphous silicon nanowires, we start with
CVD growth of single-walled carbon nanotubes suspended
across microfabricated channels in Si/SiO2 (Figure 1a, step
1; see Supporting Information for details). The suspended
nanotubes then serve as templates for depositing a layer of
amorphous silicon (Figure 1a, step 2), which produces 5µm
long cylindrical silicon wires of 20-200 nm in diameter
(Figure 1b,c). The fabrication process is very reproducible:
it generates nanowires with ultranarrow diameter distributions
and smooth walls (the average width of the diameter
distributions was 1.7( 0.9%, the maximum measured peak-
to-valley surface roughness of the nanowire surface was less
that 2 nm, and rms surface roughness for a single nanowire
was as small as 0.4 nm). The uniformity of the nanowire
substrates produced by our synthesis procedure provides a
key advantage for studying curvature effects in supported
lipid bilayers. In comparison, catalytic CVD synthesis
produces single-crystalline silicon nanowires23 with atomi-
cally smooth surfaces; however the nanowire diameter
distribution in CVD samples is usually broad (10-20%) and
is mainly determined by dispersion of size of catalyst
nanoparticles used for synthesis.24 This distribution would
complicate the correlation of membrane properties with the
substrate curvature.

Vesicle Fusion on Curved Substrates.To explore the
relationship between the shape of lipid molecules and the
membrane curvature,25,26 we have studied fusion of mixed
DOPE-DOPC vesicles on nanowires of various diameters
using confocal fluorescence microscopy (Figures 2, 3a). We
tested fusion of lipid vesicles with DOPE fraction of 0, 18,
20, 22, and 30 mol %. To visualize formation of supported
lipid bilayers, we added 2% of a fluorescent probe 1-oleoyl-
2-[6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]hexanoyl]-
sn-glycero-3-phosphoethanolamine (NBD-PE) to all lipid
compositions. Lipid vesicles readily fused onto the silicon
nanowires upon exposure, producing linear bright fluorescent
features in the confocal microscopy images (Figure 2). The
lipids used in our experiments do not form multilayers on
the planar silicon oxide surfaces; for example, DOPC forms
a single bilayer on both flat glass surface27 and 110 nm silica
nanoparticles.28 In addition, line profiles of the fluorescent
images of the lipid-coated nanowires (see Supporting Infor-
mation, Figure S3) do not show integer multiple jumps in
fluorescence intensity that would have been characteristic
for lipid multilayers. Thus, we conclude that vesicle fusion
produces lipid bilayers and not multilayers in our experi-
ments. The addition of cone-shaped DOPE molecules to the
lipid membrane should promote and stabilize bilayer forma-
tion on highly curved substrates and destabilize bilayers
formed on the flatter substrates;25 however, we observed
vesicle fusion for all lipid concentrations and substrate sizes
(Figure S2, Supporting Information). This observation con-
tradicts a previous report by Hamai et al. who found that,
with increasing DOPE concentration in DOPC-DOPE
vesicles, the mobile fraction of supported lipid bilayers on
flat surfaces dropped and fluorescence signal stopped

Figure 1. Silicon-coated carbon nanotubes as substrates for
studying 1-D lipid bilayers. (A) Schematics of the assembly of lipid
bilayer membranes on silicon nanowires. Step 1: CVD growth of
suspended carbon nanotubes; step 2: deposition of Ti adhesion layer
and amorphous silicon on carbon nanotubes; step 3: formation of
supported bilayer by vesicle fusion. (B) SEM image of silicon-
coated carbon nanotubes suspended over a 5µm wide channel. (C)
TEM image of two intersecting carbon nanotubes coated with a
layer of amorphous silicon. Scale bars: 1µm (B), 100 nm (C).
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recovering when the fraction of DOPE reached 20%.25 The
authors suggested that vesicles of this composition adsorbed
on the flat substrates without fusion/bilayer formation and
argued that the presence of conical DOPE molecules in the
bilayer made formation of transient pores during vesicle
rapture more unfavorable and thus kinetically prohibited
fusion. Our results clearly demonstrate that this kinetic
limitation is not insurmountable and that it is possible to
form continuous and mobilesupported bilayers (we discuss
the mobility measurements in the next section) on curved
surfaces of cylindrical nanowires even at DOPE fraction
larger than 20%. In keeping with our experimental observa-
tions, thermodynamic analysis shows that vesicle fusion is
still favorable for all substrates with diameters larger than
20 nm for all lipid compositions that we studied (see
Supporting Information for details).

Lipid Mobility. Remarkably, fluorescence recovery after
photobleaching (FRAP) measurements showed that our
supported lipid bilayer membranes exhibited mobile fractions
of nearly 100% (Figure 3b), even in membranes containing
a high fraction (20-30%) of DOPE; this result also confirms

that our coatings consist of the lipid bilayers (as opposed to
lipid monolayers). To measure the lipid mobility, we
followed a previously described protocol,29,30 but to attain
the time resolution necessary for capturing fast recovery
processes, we incorporated a fast (<2 µs switching time)
electro-optical modulator into our setup (Figure 3a). These
measurements also showed that the supported bilayers on
silicon nanowires are quite robust: the fluorescence typically
recovered to 90-95% of the initial value even after five
bleach-recovery cycles on the same spot (data not shown).
The membranes are also remarkably mobile: the diffusion
coefficients of nanowire-supported membranes (2-10× 10-8

cm2/s) fall within or slightly above the range of values
reported for DOPC vesicles (5× 10-8 cm2/s)31 and flat
supported DOPC bilayers (2-3 × 10-8 cm2/s).25,32 To
eliminate the possibility of the substrate roughness contribut-
ing to the observed effects, we have performed similar
mobility measurements for one-dimensional (1-D) lipid
bilayers formed on the single-crystalline Si nanowires grown
by VLS synthesis (see Supporting Information and Figure
S5 for details). The recovery ratios and the diffusion

Figure 2. Confocal fluorescence microscopy images of (A) DOPC and (B) DOPC:DOPE (70:30) lipid bilayers supported on 70 nm silicon
nanowires. Scale bars: 5µm.

Figure 3. Mobility of the lipid bilayers supported on silicon nanowires. (A) Schematic of the experimental setup used for the FRAP
measurements: S, sample; P, pinhole; LP, long pass filter; APD, avalanche photodiode detector; EOM, electro-optical modulator. (B)
Representative fluorescence recovery curve (red) and the corresponding model fit (blue) for a DOPC bilayer supported on a 55 nm diameter
nanowire.
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coefficients observed in those measurements were very close
to the values that we measured for the amorphous nanowire
substrates.

High mobility observed in these measurements is in sharp
contrast to the much lower mobility that we previously
reported for one-dimensional lipid bilayers on carbon nano-
tube templates coated with polyelectrolytes.30 These polymer
substrates were of comparable size to the smallest silicon
nanowires used in the present work, yet they exhibited up
to 3 orders of magnitude slower diffusion coefficients. This
comparison indicates that the nature of the substrate surface
represents another key factor that determines the bilayer
mobility on highly curved substrates.

Surprisingly, we did not observe any clear trends in
mobility with changing DOPE concentration in DOPC-
DOPE mixtures (see Supporting Information for mobility
data for individual lipid mixtures). However, the average
diffusion coefficients observed for each nanowire size show
a clear trend: diffusion becomes faster for membranes
supported on smaller diameter nanowires (Figure 4). The
increase is fairly modest: shrinking the nanowire diameter
from 200 to 20 nm increases lipid mobility by ca. 50%.

To rationalize this result, we can consider the free space
model originally proposed by Cohen and Turnbull for
diffusion in liquids,33 and later adopted by Galla and
colleagues for two-dimensional (2-D) diffusion in lipid
bilayer membranes.34 Here we use the formalism of Vaz et
al., who proposed an expanded version of the 2-D model.35,36

This model postulates that, for the diffusion step to occur,
the molecule has to have enough energy to overcome
interactions with its neighbors and also have a minimum free
space next to it. Combination of these two requirements leads
to the following expression for the diffusion coefficient (D)
of lipid molecules within the plane of the membrane:36

where a(T) is the average area per molecule,M is the

molecular weight,Na is Avogadro’s number,k is the
Boltzmann constant,T is temperature,Ea is activation energy
associated with diffusion, andao is the critical area, which
represents the close-packed cross-sectional molecular area.
At finite temperatureT, a(T) > a0 and the differencea(T) -
a0 corresponds to the free area per molecule. If we ap-
proximate all lipid molecules packed around the nanowire
circumference as rectangles (in 2-D projection), then the
distance between edges of the molecules pointing away from
the nanowire center (d) for small anglesR is given by (Figure
4a):

whereR is the substrate radius andL andh are the length
and the width of a rectangle representing a lipid molecule,
respectively. This additional separation between the mol-
ecules will add to the free space already available due to
thermal motion. Becausea0 ) h2, the distanced corresponds
to the free aread‚h ) La0/Rper molecule, which transforms
eq 1 into:

This equation shows that, as the substrate diameter
decreases, the lipid diffusion becomes faster. Hof et al. pro-
posed a qualitatively similar explanation to account for
faster relaxation times of a fluorescent probe in small
vesicles (diameter 22 nm) compared to large ones (diameter
250 nm):37 as the membrane curvature increases, the separa-
tion between lipid headgroups in the outer leaflet becomes
larger and results in higher diffusion coefficients. Because
all parameters in eq 3 are known, we can go one step further
and directly compare the model predictions with experimental
observations (Figure 4b). For the nanowire substrates with

Figure 4. Comparison of the measured lipid mobility with the free space diffusion model. (A) Model schematics. Only the inner leaflet
is shown for clarity. (B) Average experimental diffusion coefficients (circles) of DOPC-DOPE lipid bilayers on silicon nanowire templates
and the diffusion coefficient values predicted by the eq 3 (red curve) using the following parameters:a(T) ) 0.57 nm2, M ) 786 g/mol,
a0 ) 0.45 nm2, L ) 2 nm,Ea ) 11.34 kJ/mol. All parameter values were taken from the literature.36
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diameters greater than 50 nm, our experimental data show
good agreement with the free space model (eq 3)with no
fitting parameters.However, the model predictions deviate
from the experimental data significantly for the nanowire
substrates with the diameter below 50 nm, where the model
predicts faster diffusion. This comparison could indicate that
the description based on the simple geometrical argument
used in our model breaks down when the curvature of the
membrane falls below this critical value. The measured
diffusion coefficient values fall below the theoretical curve
in that regime, indicating that the lipid bilayer is able to
reduce the free space using different means, perhaps by
redistributing the lipid molecules. As the gaps between the
lipid molecules become large, the lipid tails of the second
layer could also partially penetrate those gaps, thus reducing
the amount of the free space and, consequently, reducing
the diffusion coefficient. Additional experiments are neces-
sary to reveal the detailed relationship between the structure
and mobility of lipid bilayers in this very high curvature state.

We have shown that mixed DOPC-DOPE vesicles form
supported lipid bilayers on cylindrical silicon nanowires. We
demonstrate that lipid bilayers supported on these substrates
are high quality, continuous, and mobile. They exhibit mobile
fractions of 90-100% and diffusion coefficients close to
typical values observed for DOPC membranes supported on
flat silicon oxide surfaces. We also found that the membrane
mobility increases systematically as the nanowires become
thinner. The free space diffusion model provides a good
description of the effect of substrate curvature on lipid
mobility for nanowires above 50 nm in diameter but grossly
overestimates the effect for thinner nanowires.

One-dimensional bilayers on high-curvature solid supports
provide a reliable platform for studying fundamental physical
properties of the highly curved lipid bilayers. Use of these
model systems opens up a number of opportunities for
researchers to study the fundamental role of lipid bilayer
curvature in biological processes related to disease, signaling,
and cell cycle. One of the advantages of our approach is
that it provides a highly controllable and robust tubular lipid
bilayer platform in the curvature regime that was previously
difficult to access in the laboratory setting. Our lipid bilayer
systems are stable and easy to manipulate and characterize
using a variety of techniques. The experimental approach
that we present is quite general and should also work for
other types of hydrophilic nanowires, demonstrating that 1-D
lipid bilayers provide a versatile platform for integration of
biological membranes with 1-D nanomaterials.
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